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Cell shape is determined by cellular mechanics. Cell defor-
mations in animal cells, such as those required for cell
migration, division or epithelial morphogenesis, are largely
controlled by changes in mechanical stress and tension at
the cell surface. The plasma membrane and the actomy-
osin cortex control surface mechanics and determine
cell surface tension. Tension in the actomyosin cortex pri-
marily arises from myosin-generated stresses and de-
pends strongly on the ultrastructural architecture of the
network. Plasma membrane tension is controlled mainly
by the surface area of themembrane relative to cell volume
and can be modulated by changing membrane composi-
tion, shape and the organization of membrane-associated
proteins. We review here our current understanding of the
control of cortex andmembrane tension bymolecular pro-
cesses. We particularly highlight the need for studies that
bridge the scales between microscopic events and emer-
gent properties at the cellular level. Finally, we discuss
how the mechanical interplay between membrane dy-
namics and cortex contractility is key to understanding
the biomechanical control of cell morphogenesis.
Introduction
Animal cells maintain their shape and resist external stresses
by controlling cytoplasmic pressure. The pressure difference
between the cytoplasm and extracellular medium is
balanced by cell surface tension. In most animal cells, this
tension is controlled by the plasma membrane and by the
cell cortex, a thin network of actin filaments attached to the
membrane. The cortical network is under contractile stress
generated by myosin motor activity and potentially other
active processes (reviewed in [1]). The resulting cortical ten-
sion translates into an excess hydrostatic pressure inside
the cell that is balanced by an osmotic pressure differential
across the semi-permeable plasma membrane. In bacteria
and plant cells, the rigid cell wall can maintain osmotic pres-
sure differentials across the membrane of up to several
atmospheres, and disruption of the cell wall in cells
causes immediate cell lysis. In contrast, the pressure differ-
ence across the animal cell plasmamembrane is only 1–10%
of the extracellular osmotic pressure [2,3]. Disrupting the
actin cortex of an animal cell does not lead to cell lysis, but
only to a minor swelling of the cell [3,4]. In animal cells,
volume thus appears to be primarily controlled by the regu-
lation of osmotic pressure, and the function of the cortex is
primarily to effect cellular shape changes [1,5].
Local changes in the tension of the actomyosin cortex
drive most cell deformations. For instance, mitotic cell
rounding, cytokinetic furrow ingression, cell body retrac-
tion during migration, and apical constrictions in epithelial1MRC Laboratory for Molecular Cell Biology, University College
London, UK. 2Max-Planck-Institute for the Physics of Complex
Systems, Dresden, Germany.
*E-mail: a.g.clark@ucl.ac.uk (A.G.C.), e.paluch@ucl.ac.uk (E.K.P.)morphogenesis all result from a precisely controlledmodula-
tion of cortex contractility in space and time (reviewed in
[1,6]). Most cell shape changes require a change in the
surface area of the cell. For example, during cell spreading,
protrusion formation, or furrow ingression cell surface area
increases, while during mitotic rounding surface area de-
creases. Such area changes require adjustments in the
amount and shape of the plasma membrane. The physical
interplay between cortex contractions and plasma mem-
brane mechanics during cellular shape changes remains
poorly understood.
At the molecular scale, cortical tension can be modulated
by changes in the composition, spatial organization, and
dynamics of the cortical actin network. Similarly, the micro-
scopic organization of the plasma membrane and mem-
brane-associated proteins, as well as the membrane’s
interactions with the cortex, affect membrane mechanics.
In order to understand morphogenesis, it is thus essential
to link themicroscopic properties of the cortex and themem-
brane to the resulting cell-scale mechanics.
We review here our current understanding of the control of
mechanical tension at the cell surface by the cortex and
plasma membrane and discuss the function of surface ten-
sion during cell shape changes. We particularly highlight
the need for studies combining physics and biology to bridge
scales between the molecular interactions that give rise to
cell tension and the resulting shape changes, and we sum-
marize outstanding questions in the field.
Cortex Tension
The cell cortex comprises a network of overlapping, bundled
and crosslinked actin filaments (Figure 1) [7,8]. The primary
function of the cortex in morphogenesis is thought to be
the control of cell contractility and the resulting surface ten-
sion [5]. Adherent interphase cells have a cortical network on
their ‘top’ side [8,9]. In round cells, such as those about to
undergo mitosis, the cortex is a homogeneous network
around the periphery of the cell [10,11]. A number of different
techniques have been developed to measure cortex tension
in different cell types and in different cellular environments
and conditions (Box 1). During cell division, cortical compo-
nents accumulate in the cell equator, leading to a tension in-
crease at the equator [12]. This creates a tension gradient,
where tension/stiffness is threefold higher in the equator
compared with the poles [13,14] and leads to the formation
of a contractile ring that drives cytokinesis [5,12]. Gradients
in cortical contractility have also been observed prior to
cytokinesis in Caenorhabditis elegans zygotes [15]. During
division, the contractile ring is coupled to the cortex in the
polar regions of the cell. Polar contractility must be precisely
controlled, as contractility imbalance between the poles can
lead to size asymmetry between daughter cells [16,17] and
can result in unstable shape oscillations and aneuploidy
[18]. Cortical tension gradients are also particularly impor-
tant during migration, as increased contractility at the cell
rear helps propel the cell body forward [1,19].
Cortical tension is an emergent property of the cortical
network and can be regulated at a number of levels. The
main molecular components controlling tension are myosin
motors. Myosins generate stresses by pulling on actin
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Figure 1. Structure of the cortex and plasma
membrane.
(A) Schematic representation of the actomy-
osin cortex and overlying plasma membrane.
The plasma membrane (green) is a lipid
bilayer that has a number of different ultra-
structural features, including small outward
folds, inward-folding caveolae (black:
caveolin) and long, thin microvilli. The acto-
myosin cortex consists of an overlapping
network of actin filaments (red), myosin
motors (dark blue), and crosslinking and
bundling proteins (light blue). The cortex and
plasma membrane are coupled via linking
proteins (orange). (B) Transmission electron
micrograph showing a cross-section of the
cell periphery in Dictyostelium discoideum
labeled by immunogold staining with an anti-
actin antibody. Scale bar, 100 nm. Modified
from [120]. (C) Scanning electron micrograph
of the surface of a rounded HeLa cell showing
the cortical network. The plasma membrane
has been removed by detergent lysis. Modi-
fied from [7]. ª2006 Rockefeller University
Press. J. Cell Biol. 175, 477–490. (D) Electron
tomograph of the cytoplasmic surface of the
plasma membrane and actomyosin cortex
from fetal rat skin keratinocyte (FRSK) cells.
Scale bar in main panel, 100 nm; scale bar
in inset, 50 nm. Modified from [8]. ª2006
Rockefeller University Press. J. Cell Biol.
174, 851–862.
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R485filaments in the network at the expense of hydrolyzing ATP
(Figure 2). It is commonly believed that the majority of the
active stresses in the cortex aremediated bymyosin-2 activ-
ity, but myosin-1 motors have also been shown to play a role
in mediating such stresses in Dictyostelium [20]. At least two
different non-muscle myosin-2 (NMM2) heavy-chain iso-
forms reside in the cortex in mammalian cells during mitosis
and migration, NMM2A (MYH9) and NMM2B (MYH10)
[19,21]. In addition, several other myosins have been found
to localize to the cortex, including NMM2C (MYH14), several
myosin-1 molecules, myosin 18A and smooth muscle
myosin heavy chain (MYH11) [21]. A recent proteomic anal-
ysis of cortices from isolated blebs — transient membrane
protrusions that are enriched in cortical components — has
also revealed the presence of several myosin light chains,
NMM2A, -B and -C, myosin IXB (MYO9B) and myosin VI
(MYO6) [22]. Given the differences in structure and single-
molecule properties of the many cortical myosins [23], it is
possible that they differentially affect cortical tension. This
could mean that these myosins play different roles during
shape change, as has been observed for NMM2A and
NMM2B during migration [19]. A systematic analysis of the
effect of the different cortically localized myosins on cortical
tension will be required to unveil their specific contributions
to cell surface mechanics.
Several functional studies point to a key role for myosin-2
activity in the generation of cortex tension. For instance, cor-
tex tension can be reduced by over 50% following treatment
with the myosin-2 inhibitor blebbistatin [2]. Additionally,
blebbistatin has been shown to perturb or inhibit processes
that are highly dependent on cortical contractions, such as
cytokinesis [18,24,25], cell migration [26] and single-cellwound healing [27]. Disruption of the Rho pathway, which
is responsible for the activation ofmyosin-2, has been shown
to reduce contractility in a number of contexts (reviewed in
[28]). However, as the Rho pathway can also induce actin
polymerization via activation of actin nucleators of the formin
family and deactivation of the actin-severing protein cofilin
(reviewed in [29]), further investigation will be required to
elucidate the potentially separate roles of actin dynamics
and myosin-2 activity in Rho-mediated contractility.
Active tension could also be generated in actin networks
by myosin-independent mechanisms, for example through
actin dynamics (Figure 3). Theoretical studies have shown
that actin polymerization or depolymerization combined
with attachment of barbed-end tracking proteins could
generate stresses in actin networks (Figure 3A) [30]. Such
stresses could produce tensions required for cytokinesis
and other morphogenetic events. Formins — actin nuclea-
tors that stay bound to the barbed end of growing filaments
[31,32]— are good candidates for playing such a tip-tracking
role. Recently, single-molecule experiments have demon-
strated that formins can stay bound to the barbed end of a
depolymerizing actin filament and can exert force on the
shrinking filament [33]. However, it is not clear whether this
mechanism plays a role in the generation of cell tension, as
depolymerization from barbed ends has not yet been re-
ported in cells. A recent study combining experiments and
simulation-based modeling has shown that, in budding
yeast, actin depolymerization coupled with filament cross-
linking or bundling could be the predominant force-
generation mechanism in contractile ring closure during
cytokinesis (Figure 3B) [34]. However, another recent
study using permeabilized fission yeast presents contrary
Box 1
Methods to measure cortex tension.
Cortex tension can bemeasured using a number of different methods, andmeasurements range fromw20 to 4,000 pN/mmdepending on the
cell type (reviewed in [1]). In most of these methods, a cell is perturbed mechanically, and the cell’s response to the induced perturbation is
quantified. These data are then analyzed using a theoretical model of cell mechanics and the experimental setup in order to extract
mechanical properties like tension.
One way to mechanically perturb the cell is to compress it. One of the earliest methods employed to measure cell surface tension,
which is dominated by cortical tension, was a compression-based method whereby a glass slide is placed on top of a cell and a flexible
gold fiber is used to apply a compressive force on the glass slide [121]. Modeling the cell as a liquid drop and assuming a cytoplasmic
viscosity from measurements using other techniques, the surface tension could be extracted from the applied force and the shape of the
compressed cell. Cell or tissue compression can also be achieved by squeezing the sample between parallel plates [122], or by using
atomic force microscopy (AFM; panel A below). Cell tension can be extracted from AFM force measurements using a liquid drop model
[123] under experimental conditions where the elastic response of the cortex is negligible and where indentation is small enough to primarily
affect the cortex [1]. For larger indentations, the stiffness of the cytoplasm or nucleus can also affect compression-based tension
measurements [124].
Cells can also be perturbed by stretching or pulling. One such technique commonly used tomeasure cortex tension ismicropipette aspiration
(MPA; panel A below). In 1954, using a device called a ‘cell elastimeter’, Mitchison and Swann aspirated sea urchin eggs into glass capillaries
and determined the pressure difference required to aspirate the cells. Analyzing these pressure measurements and taking into account the
sizes of the cell and capillary and applying the Law of Laplace (i.e.modeling the eggs as liquid drops), they could extract surface tension [125].
MPA has since been used to measure tension in a number of different cell lines, including erythrocytes [126] and detached fibroblasts [2]
(reviewed in [1]). Other methods can be used to measure cellular mechanical properties directly related to surface tension. Optical stretchers
[127], active and passive microrheology [128,129], cell stretching between parallel plates (panel A below) [130] and traction forcemicroscopy
(reviewed in [131]) have all been used to probe cell mechanics. Although cortical tension contributes to the physical properties measured
using these methods, new physical descriptions will be required to extract tension from these experiments.
Measuring cellular mechanical properties in vivo, where direct cell manipulation is often impossible, presents an added challenge. Laser
ablation, where cells are deformed by destroying subcellular structures using a strong, usually pulsed, laser, has gained considerable
popularity as a technique for measuring tension in C. elegans zygotes [15] and in tissues, for example in Drosophila [132,133]. In order to
extract cortical tension from laser ablation experiments, the recoil of the surrounding cells or subcellular structures following ablation are fit
with a theoretical model of the tissue or cell [15,132,134] (panel A below). Finally, non-invasive or ‘kinematic’ techniques [3], where forces and
mechanical properties are extracted by fitting ‘natural’ cell movements and deformations with a mechanical model of the cell, are another
alternative for measuring these properties in tissues or single cells (panel B below). This approach has been used to extract mechanical
parameters, including cortical tension, from cell shape dynamics in Drosophila tissues [132,135,136], C. elegans zygotes [15] and single
cultured cells during cytokinetic oscillations [18], or cell–cell contact dissociation [46].
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Several methods have been applied to measure cell surface tension, which is dominated by cortical tension. (A) Perturbation-based methods. Compression-
based methods include applying pressure to cells using two plates (top), or atomic force microscopy (AFM), which can be used for suspension cells (middle) or
adherent cells (bottom). Expansion-based methods include stretching cells using two adherent plates (top) or micropipette aspiration (MPA), which can also be
used for suspension cells (middle) or adherent cells (bottom). In laser-ablation-based methods, for cells in tissues (left), ablation of cell–cell junctions causes a
relaxation of the cut boundary. In larger single cells, like C. elegans zygotes (right), laser cuts cause a recoil in the cell surface or cortex. Cell or cortical tension
can be determined by analyzing the velocity of recoil for ablation experiments in tissues or single cells. (B) In non-invasive, kinematic approaches, cell
movements and deformations are observed and quantified. The resulting quantitative data are fit with a theoretical mechanical model of the cell’s behavior,
allowing extraction of physical properties like cortical tension.
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Figure 2. Myosin-dependent mechanisms of
actin filament sliding and stress generation.
(A) Schematized models of actin filament
sliding mediated by myosin-2 dimers. Top:
for a pair of anti-parallel filaments with plus
ends facing away from a myosin-2 dimer or
minifilament, myosin motor activity causes
contraction of the system by pulling the actin
filaments closer together. Bottom: for fila-
ments with plus ends facing inward, myosin
activity causes expansion by pushing the
actin filaments away from each other. (B) For
a myosin-2 dimer or minifilament bound to a
single actin filament, the myosin heads closer
to the plus endmove toward the plus end. The
myosin heads closer to the minus end are
tightly bound and/or move toward the plus
end at reduced velocity because of their back-
ward orientation. This results in a friction on
myosin movement causing the actin filament
to buckle, break and compact [42].
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R487evidence, showing that cytokinetic ring
constriction depends on myosin-2 ac-
tivity but not actin dynamics [25], high-
lighting the need for more systematic
investigations of the relative contributions of actin turnover
and myosin activity to tension generation.
Actin crosslinking and bundling in contractile processes
potentially provide another level of regulation of tension in
the cell cortex. In both permeabilized fission yeast and Dic-
tyostelium, it has been shown that ectopically increasing
cross linking hinders contractile ring constriction [25,35].
The ability of crosslinkers to resist contraction has also
been shown using in vitro reconstituted actin networks on
vesicles [36]. A more extensive in vitro analysis has demon-
strated that modulating contractility and filament crosslink-
ing can finely tune network organization, leading to a wide
range of different actin network structures and behaviors
[37]. In cells, the relative turnover times of crosslinkers and
motors are likely to be particularly important in contractility
regulation. Whether the roles of actin dynamics coupled to
crosslinking and myosin-2 motor activity in force generation
differ between cell types and how these twomechanisms are
coordinately regulated remains an open question in the field.
Aside from providing potential parallel mechanisms for
generating stress in actin networks, there is significant
crosstalk between actin filament dynamics andmyosin-2 ac-
tivity. In cytokinesis, myosin-2 activity in the contractile ring
has been shown to accelerate actin turnover [38,39]. How-
ever, a recent study reports that interfering with myosin-2
activity accelerates actin turnover in the furrow of dividing
HeLa cells [40], suggesting that the effect of myosin on actin
dynamics could be cell-type dependent. In vitro evidence
demonstrates the ability of myosins to buckle and break
actin filaments [41–43], which would expose new filament
ends that could polymerize or depolymerize, thus affecting
actin dynamics. Recent single-molecule experiments also
show that the tension on an actin filament (which in cells
could result from myosin pulling forces) affects the rates of
formin-mediated elongation [33]. In a more indirect form of
crosstalk, myosins and cofilin have been shown to compete
for binding sites on actin filaments [44], highlighting the
importance of a balance between myosin activity and actinturnover during a complex process like cytokinesis [35]. In
addition, it has recently been observed that, in lamellipodia,
activity of the actin nucleator Arp2/3 also affects the recruit-
ment of capping protein and cofilin [45], further highlighting
the complexity of the machinery that regulates actin
dynamics.
In addition to myosin activity, actin dynamics and cross-
linking, cortex architecture is a major determinant of cortical
tension. For an isotropic actin network and a given myosin
density, cortex tension is predicted to be proportional to
cortical thickness [2]. If filament organization or myosin den-
sity is not isotropic through the thickness of the cortex, the
relationship between tension and thickness is likely more
complex [46]. A recent study in mouse oocytes indicates
that an increase in cortex thickness during meiosis corre-
sponds to a decrease in tension [47]. This tension decrease
also correlates with a decrease in myosin activity, high-
lighting the need for a better understanding of the interplay
between myosin activity, cortex architecture and tension.
To address this need, an assay has recently been developed
tomeasure changes in cortex thickness in smaller cells, such
as cells in culture, where the cortex is usually too thin to be
resolved using conventional optical microscopy. Using this
assay, changes in cortex thickness have been observed dur-
ing retraction of cellular blebs and following treatments
perturbing actin dynamics [11]. Such measurements, com-
bined with measurements of cortical tension, will help to
further explore the relationship between cortex architecture
and mechanics. In addition, ultrastructural studies of the
organization of the cortical network and the localization of
contraction-generating elements in different physiological
conditions will be required to fully understand how network
architecture affects tension.
Theoretical models of tension generation, coupled with
in vitro investigations where network organization can be
assessed more readily, are also essential to understand
how molecular events manifest in the mesoscopic scale.
For example, in isotropic networks like the cortex, it is
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Figure 3. Myosin-independent mechanisms of stress generation in actin networks.
(A) Stress generation by molecules that track actin plus ends, such as formins (light blue/orange). If formins are anchored and the attached actin
filament is polymerizing (top), this generates an expansile stress in the network that is transmitted to other filaments via crosslinks (dark blue). If a
filament is depolymerizing (bottom), this generates a contractile stress. (B) Stress generation by actin-binding proteins that track the minus ends
of filaments. An actin filament that is bound by a crosslinker (dark blue) near its minus end is disassembled by depolymerization (left) or by
severing near the minus end (right, e.g. via the severing protein cofilin, purple). This disassembly results in a stress on the crosslink, and the
filaments are eventually pulled closer together when crosslink stress equilibrates, resulting in a contraction of the system [34]. However, such
minus-end-tracking behavior has not yet been experimentally observed.
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contraction and never expansion. Myosins are plus-end-
directed actin motors; a pair of anti-parallel myosins walking
along two actin filaments is equally likely to pull the filaments
together or push them apart depending on the orientation of
the actin filaments (Figure 2A). Several mechanisms have
been proposed for the dominance of contractile behavior,
including a nonlinear elastic response of actin filaments to
pulling or pushing [48] (reviewed in [1]). (For details on the
physics of contractile behavior of actomyosin networks,
please refer to [48,49].) Evidence from in vitro experiments
suggests that actin filament buckling and breakage resulting
from myosin-generated forces could favor network contrac-
tion (Figure 2B) [42,43]. Recent experiments using 2D in vitro
actomyosin networks have also begun to uncover some of
the requirements for the formation of different network struc-
tures. The balance between myosin activity and actin
bundling has been used to establish a phase diagram of
different actin states. Depending on the relative concentra-
tions of myosins and actin bundlers, the resulting actin
networks can range from small actomyosin clusters to a sin-
gle, large cluster [37]. Actin networks that are assembled on
or inside liposomes also display different contractile behav-
iors depending on the geometry of the network and activities
of myosin, crosslinkers and membrane–cortex attachment
proteins [36]. Similar investigations of cortex architecture inlive cells, coupled with theoretical models of contraction,
will be required to understand the molecular control of
cortical tension generation.
Membrane–Cortex Attachment and Membrane
Organization
In order to convert cortical contractions into cell shape
changes, deformations of the cortex must be coupled to
deformations of the plasma membrane. The cortex is
attached to the plasma membrane via specific linker pro-
teins. The most well-studied cortex–membrane linkers are
members of the ezrin–radixin–moesin (ERM) family (re-
viewed in [50]). However, a number of other proteins are
involved in linking the cortex to the membrane, including
myosin-1 motors [51] (reviewed in [52]) and filamins (re-
viewed in [53]). Most cortex–membrane linkers have two
spatially separate domains; one domain mediates binding
to lipids and/or transmembrane proteins in the plasmamem-
brane, e.g. the FERM domain of ERM proteins [54] or the
pleckstrin homology domain of myosin-1 [55]; and the other
binds to actin filaments. Linkers usually appear uniformly
distributed at the cortex, maintaining a close proximity be-
tween actin and the plasma membrane. The density of
cortex–membrane linkers, such as myosin-1 [56] and ezrin
[57], is particularly high in microvilli, suggesting that strong
cortex–membrane attachment is essential to maintain an
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Figure 4. Examples of plasma membrane reservoirs.
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R489unfavorably high membrane curvature in these thin actin-
filled protrusions.
The close proximity of actin filaments is likely to affect
membrane organization and the dynamics of protein diffu-
sion in the membrane. It has been proposed that cortical
actin filaments can act as ‘fences’, effectively partitioning
the plasma membrane into numerous small compartments
(reviewed in [58]). The size of the compartments is set by
the density of the actin meshwork [8]. A membrane compart-
ment could be ‘picketed’ by transmembrane proteins that
line the actin meshwork, either because of steric hindrance
(the inability to diffuse freely across the actin fence) or due
to active recruitment of transmembrane proteins to actin–
membrane attachment points [59,60]. Fences and pickets
could explain the observed 5–50-fold lower diffusion of lipids
and membrane proteins in cells compared with artificial or
detached membranes [58,61,62]. The presence of fences
and pickets could influence a variety of dynamic membrane
processes, from signaling to membrane trafficking. A recent
study, coupling theoretical modeling and a quantitative
analysis of lipid-bound protein dynamics, has proposed
that a network of short and dynamic cortex-associated actin
filaments controls the clustering dynamics of membrane
molecules [63].
The attachment of the cortex to the membrane is not
continuous, and the plasma membrane displays numerousfolds, or ‘reservoirs’, which can store and release membrane
to regulate membrane surface area and tension. Different
types of reservoir-like structures have been observed,
including blebs, caveolae and microvilli (Figures 1A and 4).
Blebs form when the membrane transiently detaches from
the cortex. Blebs are dynamic membrane structures that
can serve as membrane protrusions during cell migration
(Figure 4; reviewed in [64,65]), but could also act as dynamic
membrane reservoirs during mitosis [66–68] and ventral
furrow formation [69]. Small bleb-like folds have also been
proposed to storemembranematerial during periodic cortex
contractions [70]. Caveolae are small, relatively stable, cup-
shaped invaginations of the plasma membrane (Figures 1A
and 4; reviewed in [71]) that can buffer membrane surface
area and membrane tension in response to mechanical
stress, such as during cell swelling due to changes in os-
motic pressure [72,73]. Finally, microvilli (and similarly, filo-
podia and stereocilia) are long, thin membrane protrusions
filled with bundled actin filaments (Figures 1A and 4). The
presence of actin bundles in these thin membrane tubes
and the attachment of the membrane to these actin bundles
may prevent the rearrangement of the membrane into a
‘pearls on a string’ configuration [74,75]. Short microvilli
have been observed on most cells, including fibroblasts,
neutrophils, growing neurons and epithelial cells [76–78].
Microvilli have been proposed to act as membrane
Box 2
Membrane tubes and membrane tension.
Membrane tension can bemeasured by pulling on an optically trapped bead or an AFM tip attached to the membrane at the surface of a cell.
The force required to pull a membrane nanotube depends on the membrane bending modulus (which affects the ability to locally curve the
membrane to form a tube) and the in-plane tension of the membrane in the tube. For membranes adhering to a substrate, the tether force is
also affected by adhesion energy. Physical descriptions of vesicles adhering to a continuous substrate indicate that adhesion energy
depends on the membrane osmotic pressure, where membrane osmotic pressure is defined as the entropic cost of confining linkers in the
region of the membrane in contact with the substrate [145]. For measurements of plasma membrane tension in cells, experiments indicate
that cortex–membrane attachment also influences tether force. Differences in tether forces in the presence or absence of the cortex have
been attributed to the cortex–membrane adhesion energy [146].Modifications of linker proteins between themembrane and the cytoskeleton
have indeed been shown to affect membrane tension measured by tether pulling experiments (myosin-1 [51]; ezrin [147]). How the
microscopic parameters of membrane–cortex attachment set the adhesion energy is not entirely understood. Methods to measure and
manipulate membrane tension have been extensively reviewed in [112].
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number of processes, such as mitotic cell rounding and
post-mitotic spreading [66,67,79], as well as cellularization
during Drosophila embryogenesis [80]. However, a cyto-
plasmic reservoir of vesicles has also been shown to
contribute to cellularization in Drosophila [81].
Membrane surface area and tension can also be regulated
by endocytosis and exocytosis; thus internal membrane ves-
icles can also act as membrane reservoirs (Figure 4). Regu-
lated exocytosis is involved in membrane area regulation
during abscission [82,83], phagocytosis [84] and healing of
the plasmamembrane after rupture [85]. Cells can also endo-
cytose membrane patches to reduce the surface area of the
plasma membrane. Multiple pathways of endocytosis have
been described (reviewed in [86,87]), including endocytosis
of caveolae [88].
The formation of membrane reservoirs at the cell surface
depends on the physical properties of the membrane, for
example the bending elasticity, which describes the resis-
tance to deformation. Membrane bending elasticity is
affected by the lipid composition of the bilayer [89,90]. Inter-
estingly, caveolae are enriched in cholesterol and sphingoli-
pids [91,92], while sphingomyelin clustering is important for
the formation of microvilli [93]. In addition, membrane pro-
teins may regulate and stabilize local curvature of the mem-
brane. For example, BAR domain proteins stabilize highly
curved membrane (reviewed in [94]) and play an important
role in the formation of vesicles during clathrin-mediated
endocytosis [95]. BAR domain proteins have also been
implicated in the formation of surface folds, such asmicrovilli
and filopodia [96].
Plasma Membrane Tension
The spatial organization and shape of the plasmamembrane
determine its physical properties, which in turn contribute to
global cell mechanics during morphogenesis. Membrane
tension, defined as the force per unit length acting on a
cross-section of membrane, is a key cellular physical param-
eter. For a lipid vesicle that does not contain membrane
reservoirs and for small membrane area strain, in-plane
membrane tension depends on thermal fluctuations and on
the ratio between the total surface area of the membrane
and its ‘apparent area’ (i.e. the minimum surface necessary
to enclose the volume within the vesicle). Extending the
apparent area reduces the amplitude of fluctuations, result-
ing in a restoring force that corresponds to the effectivemembrane tension [97,98]. Membrane fluctuations them-
selves can be used to measure membrane tension [99].
This method has been used to measure membrane tensions
in red blood cells of w0.5–50 pN/mm, depending on the
experimental conditions [100,101].
In a cell, the presence of folds and reservoirs has important
consequences on the control of the physical properties of
the plasma membrane, particularly its tension. Confining
the cell membrane in free membrane folds is expected to
result in lower membrane tension. However, structurally
stabilized reservoirs, such as caveolae or microvilli, can act
to increase membrane tension by sequestering lipids or to
decrease membrane tension by releasing lipids. The differ-
ence in free energy between the open and closed state of
a reservoir can, in principle, set a fixed membrane surface
tension [72]. In addition, transmembrane and membrane-
associated proteins and cortex–membrane attachment can
all affect and regulate membrane tension.
Spatial gradients of transmembrane or membrane-associ-
ated protein concentrations could also generate gradients in
membrane surface tension [102] or induce spontaneous
membrane curvature; local protein accumulation has re-
cently been shown to induce membrane curvature in giant
unilamellar vesicles, suggesting that protein–protein crowd-
ing could affect the curvature of the plasmamembrane [103].
Concentration gradients of proteins diffusing in the plasma
membrane may depend on their interaction with the actin
filaments in the cortex. In addition, dynamic effects can
create differences of tensions due to flows of membrane,
occurring, for instance, during cellular deformation. During
deformations, membrane flows are resisted by the internal
viscosity of the membrane. Membrane proteins bound to
the actin cortex may also generate friction as the membrane
flows with respect to the cortex. This friction has to be taken
into account to explain the dynamics of tube extension in
membrane-pulling experiments (Box 2) and is also likely to
limit the speed of expansion of membrane protrusions
[104]. Finally, membrane tension gradients can drive flows
and deformations in the membrane both in-plane and out-
of-plane, setting membrane shape [105].
Membrane and Cortex Interaction during Cell Shape
Changes
The mechanics of both the cortex and the membrane must
be taken into account to understand cell deformations. A
number of reports indicate that plasma membrane tension
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R491mechanically resists shape changes involving an increase in
the total surface area of the cell. For example, membrane
tension resists the expansion of cellular protrusions during
cell spreading [106,107] and cell migration [108–111]. In
addition to a purely mechanical resistance to deformation,
membrane reorganization during shape changes requiring
cell surface expansion likely activates mechanosensory
pathways; the nature of these pathways and their influence
on cellular processes, such as cell polarity and migration,
are poorly understood (reviewed in [112]).
The influence of membrane mechanics on cell shape
changes in which the surface area of the cell remains con-
stant or decreases is comparatively less well understood.
The formation of membrane blebs and other reservoirs is
commonly observed during cell rounding upon mitosis entry
or following trypsinization, suggesting that the membrane
cannot be internalized quickly enough to accommodate the
acute decrease in cell surface area [66]. It is thought that,
during local cortex contractions, cortex–membrane links
flow within the liquid plasma membrane, resisting cortical
contractions and flows [15]. However, a number of recent re-
ports indicate that the membrane often does not simply flow
away, but rather accumulates in the contracting regions.
Fluorescence and electron microscopy imaging indicate
that the plasmamembrane becomes locally crumpled during
cortex contractions in retracting blebs [113], and during
periodic cell contractions [70]. Similarly, a recent study has
demonstrated that membrane blebs and tubules form
around the ingressing furrow during cytokinesis and that for-
mation of the midbody at the end of cytokinesis is accompa-
nied by shedding of the local membrane folds [114]. This
suggests that the plasma membrane cannot freely diffuse
from the equator during cytokinesis and is at least partially
restricted to the region of the furrow [114]. Interestingly,
studies of lipid bilayers coupled to elastic sheets indicate
that when subjected to compression, membranes can spon-
taneously form tubes reminiscent in shape of microvilli and
filopodia, even though they form in the absence of a cyto-
skeleton [115]. Taken together, these studies suggest that
the formation of membrane blebs, folds and tubes occurs
during global and local cortex contractions. The mechanical
contribution of membrane folding and reorganization during
contraction-driven deformations remains poorly under-
stood. A major challenge for the future will be to understand
the mechanical interplay between the cortex and the plasma
membrane during cellular shape changes.
Finally, the dynamics of cell deformation are likely to
depend strongly on the mechanical properties of the cortex
and the membrane. For the cortex, typical tension values
are on the order ofw100 pN/mm and flow timescales are of
the order of tens of seconds [1]. This gives a two-dimen-
sional viscosity of w1,000 pN$s/mm for the cortex. The
effective two-dimensional viscosity of a lipid membrane,
w0.001 pN$s/mm [116], is several orders of magnitude lower.
This suggests that gradients in tension elicit considerably
faster flows in the membrane than the cortex. However,
friction between the membrane and the cortex will also influ-
ence membrane flow dynamics. Intuitively, this suggests
that tension gradients are longer-lived in the cortex, which
may make cortical tension gradients more effective for
driving local cell shape change than gradients in membrane
tension. Gradients inmembrane tension are expected to lead
to membrane flow relative to the underlying cytoskeleton.
Because membrane flows are relatively fast, a change inmembrane tension in one part of a cell would be felt in
another part of the cell almost immediately. It has been pro-
posed that this rapid propagation of tension within the mem-
brane may enable membrane tension to coordinate cell
behavior over long length-scales [107,108]. (For a more
detailed physical description of membrane mechanics and
the relationship between tension, viscosity and flow, please
refer to [116–119].) Direct measurements of cortical viscosity
and the continued investigation of cortex and membrane
mechanics will further elucidate the roles of tension
gradients in cell shape change.
Outlook
Recent work combining cell biology, in vitro reconstitution
experiments and physical modeling has vastly improved our
understanding of tension generation at the cell surface. How-
ever, anumberof outstandingquestions remain. It is currently
not well understood how molecular-scale interactions lead-
ing to stress generation translate to cell-scale contractile
tension and morphogenesis. Studies using in vitro systems
combined with theoretical modeling will help to address
questions related to the compressive vs. expansile potential
of actomyosin systems and the interplay between contractile
behavior and network architecture (Figures 2 and 3). Experi-
ments investigating how changes in cortex and membrane
architecture affect cell mechanics and morphogenesis will
help to bridge scales betweenmolecular processes and their
effects on cell shape. In the case of the plasma membrane
specifically, new methods will be required to better assess
membrane architecture and dynamics. The development of
new experimental tools and theoretical models will be key
to fully understanding themechanics of cell shape, frommol-
ecules to cell-scale morphogenetic processes.
In order to achieve a more complete picture of cellular
mechanics in morphogenesis, the physical properties of the
cytoplasm and the nucleus must also be considered. Both
global and local changes in cytoplasm composition and
organization could influence cell shape. New approaches,
combining physical measurements, molecular perturbations
and physical modeling will be required to disentangle the
contributions of different cellular components to global cell
mechanics.
Acknowledgements
We thank K.J. Chalut for comments on themanuscript and all members
of the Paluch lab for discussions. A.G.C., O.W. and E.K.P.
acknowledge support from the Medical Research Council (core
funding to the LMCB), the European Research Council (ERC Starting
Grant to E.K.P.), and the Human Frontier Science Program (Young
Investigator Grant to E.K.P. and postdoctoral fellowship to O.W.), the
International Institute of Molecular and Cell Biology. G.S. is supported
by the Max Planck Society.
References
1. Salbreux, G., Charras, G., and Paluch, E. (2012). Actin cortex mechanics
and cellular morphogenesis. Trends Cell Biol. 22, 536–545.
2. Tinevez, J.-Y., Schulze, U., Salbreux, G., Roensch, J., Joanny, J.-F., and
Paluch, E. (2009). Role of cortical tension in bleb growth. Proc. Natl.
Acad. Sci. USA 106, 18581–18586.
3. Clark, A.G., and Paluch, E. (2011). Mechanics and regulation of cell shape
during the cell cycle. In Cell Cycle in Development, Volume 1, J.Z. Kubiak,
ed. (Berlin, Heidelberg, Germany: Springer-Verlag), pp. 31–73.
4. Stewart, M.P., Helenius, J., Toyoda, Y., Ramanathan, S.P., Muller, D.J., and
Hyman, A.A. (2011). Hydrostatic pressure and the actomyosin cortex drive
mitotic cell rounding. Nature 469, 226–230.
5. Bray, D., and White, J.G. (1988). Cortical flow in animal cells. Science 239,
883–888.
Current Biology Vol 24 No 10
R4926. Levayer, R., and Lecuit, T. (2012). Biomechanical regulation of contractility:
spatial control and dynamics. Trends Cell Biol. 22, 61–81.
7. Charras, G.T., Hu, C.-K., Coughlin,M., andMitchison, T.J. (2006). Reassem-
bly of contractile actin cortex in cell blebs. J. Cell Biol. 175, 477–490.
8. Morone, N., Fujiwara, T., Murase, K., Kasai, R.S., Ike, H., Yuasa, S., Usu-
kura, J., and Kusumi, A. (2006). Three-dimensional reconstruction of the
membrane skeleton at the plasma membrane interface by electron tomog-
raphy. J. Cell Biol. 174, 851–862.
9. Estecha, A., Sa´nchez-Martı´n, L., Puig-Kro¨ger, A., Bartolome´, R.A., Teixido´,
J., Samaniego, R., and Sa´nchez-Mateos, P. (2009). Moesin orchestrates
cortical polarity of melanoma tumour cells to initiate 3D invasion. J. Cell
Sci. 122, 3492–3501.
10. Matthews, Helen K., Delabre, U., Rohn, Jennifer L., Guck, J., Kunda, P., and
Baum, B. (2012). Changes in Ect2 localization couple actomyosin-depen-
dent cell shape changes to mitotic progression. Dev. Cell 23, 371–383.
11. Clark, Andrew G., Dierkes, K., and Paluch, Ewa K. (2013). Monitoring actin
cortex thickness in live cells. Biophys. J. 105, 570–580.
12. Green, R., Paluch, E., and Oegema, K. (2012). Cytokinesis in animal cells.
Annu. Rev. Cell Dev. Biol. 28, 29–58.
13. Rappaport, R. (1996). Cytokinesis in Animal Cells (Cambridge, UK: Cam-
bridge University Press).
14. Matzke, R., Jacobson, K., and Radmacher, M. (2001). Direct, high-resolu-
tion measurement of furrow stiffening during division of adherent cells.
Nat. Cell Biol. 3, 607–610.
15. Mayer,M., Depken,M., Bois, J.S., Julicher, F., andGrill, S.W. (2010). Anisot-
ropies in cortical tension reveal the physical basis of polarizing cortical
flows. Nature 467, 617–621.
16. Ou, G., Stuurman, N., D’Ambrosio, M., and Vale, R.D. (2010). Polarized
myosin produces unequal-size daughters during asymmetric cell division.
Science 330, 677–680.
17. Cabernard, C., Prehoda, K.E., and Doe, C.Q. (2010). A spindle-independent
cleavage furrow positioning pathway. Nature 467, 91–94.
18. Sedzinski, J., Biro, M., Oswald, A., Tinevez, J.-Y., Salbreux, G., and Paluch,
E. (2011). Polar actomyosin contractility destabilizes the position of the
cytokinetic furrow. Nature 476, 462–466.
19. Vicente-Manzanares, M., Newell-Litwa, K., Bachir, A.I., Whitmore, L.A., and
Horwitz, A.R. (2011). Myosin IIA/IIB restrict adhesive and protrusive
signaling to generate front–back polarity in migrating cells. J. Cell Biol.
193, 381–396.
20. Dai, J., Ping Ting-Beall, H., Hochmuth, R.M., Sheetz, M.P., and Titus, M.A.
(1999). Myosin I contributes to the generation of resting cortical tension.
Biophys. J. 77, 1168–1176.
21. Maliga, Z., Junqueira, M., Toyoda, Y., Ettinger, A., Mora-Bermudez, F.,
Klemm, R.W., Vasilj, A., Guhr, E., Ibarlucea-Benitez, I., Poser, I., et al.
(2013). A genomic toolkit to investigate kinesin and myosin motor function
in cells. Nat. Cell Biol. 15, 325–334.
22. Biro, M., Romeo, Y., Kroschwald, S., Bovellan, M., Boden, A., Tcherkezian,
J., Roux, P.P., Charras, G., and Paluch, E.K. (2013). Cell cortex composition
and homeostasis resolved by integrating proteomics and quantitative
imaging. Cytoskeleton 70, 741–754.
23. O’Connell, C.B., Tyska, M.J., and Mooseker, M.S. (2007). Myosin at work:
Motor adaptations for a variety of cellular functions. Biochim. Biophys.
Acta 1773, 615–630.
24. Straight, A.F., Cheung, A., Limouze, J., Chen, I., Westwood, N.J., Sellers,
J.R., and Mitchison, T.J. (2003). Dissecting temporal and spatial control
of cytokinesis with a myosin II inhibitor. Science 299, 1743–1747.
25. Mishra, M., Kashiwazaki, J., Takagi, T., Srinivasan, R., Huang, Y., Balasu-
bramanian, M.K., and Mabuchi, I. (2013). In vitro contraction of cytokinetic
ring depends on myosin II but not on actin dynamics. Nat. Cell Biol. 15,
853–859.
26. Bergert, M., Chandradoss, S.D., Desai, R.A., and Paluch, E. (2012). Cell
mechanics control rapid transitions between blebs and lamellipodia during
migration. Proc. Natl. Acad. Sci. USA 109, 14434–14439.
27. Burkel, B.M., Benink, H.A., Vaughan, E.M., von Dassow, G., and Bement,
W.M. (2012). A Rho GTPase signal treadmill backs a contractile array.
Dev. Cell 23, 384–396.
28. Jaffe, A.B., and Hall, A. (2005). RHO GTPases: biochemistry and biology.
Annu. Rev. Cell Dev. Biol. 21, 247–269.
29. Raftopoulou, M., and Hall, A. (2004). Cell migration: Rho GTPases lead the
way. Dev. Biol. 265, 23–32.
30. Zumdieck, A., Kruse, K., Bringmann, H., Hyman, A.A., and Ju¨licher, F.
(2007). Stress generation and filament turnover during actin ring constric-
tion. PLoS ONE 2, e696.
31. Kovar, D.R., and Pollard, T.D. (2004). Insertional assembly of actin filament
barbed ends in association with formins produces piconewton forces.
Proc. Natl. Acad. Sci. USA 101, 14725–14730.
32. Romero, S., Le Clainche, C., Didry, D., Egile, C., Pantaloni, D., and Carlier,
M.-F. (2004). Formin is a processive motor that requires profilin to accel-
erate actin assembly and associated ATP hydrolysis. Cell 119, 419–429.
33. Je´gou, A., Carlier, M.-F., and Romet-Lemonne, G. (2013). Formin mDia1
senses and generates mechanical forces on actin filaments. Nat. Commun.
4, 1883.34. Mendes Pinto, I., Rubinstein, B., Kucharavy, A., Unruh, Jay R., and Li, R.
(2012). Actin depolymerization drives actomyosin ring contraction during
budding yeast cytokinesis. Dev. Cell 22, 1247–1260.
35. Reichl, E.M., Ren, Y., Morphew, M.K., Delannoy, M., Effler, J.C., Girard,
K.D., Divi, S., Iglesias, P.A., Kuo, S.C., and Robinson, D.N. (2008). Interac-
tions between myosin and actin crosslinkers control cytokinesis contrac-
tility dynamics and mechanics. Curr. Biol. 18, 471–480.
36. Carvalho, K., Tsai, F.-C., Lees, E., Voituriez, R., Koenderink, G.H., and
Sykes, C. (2013). Cell-sized liposomes reveal how actomyosin cortical ten-
sion drives shape change. Proc. Natl. Acad. Sci. USA 110, 16456–16461.
37. Alvarado, J., Sheinman, M., Sharma, A., MacKintosh, F.C., and Koenderink,
G.H. (2013). Molecular motors robustly drive active gels to a critically con-
nected state. Nat. Phys. 9, 591–597.
38. Murthy, K., and Wadsworth, P. (2005). Myosin-II-dependent localization
and dynamics of F-actin during cytokinesis. Curr. Biol. 15, 724–731.
39. Guha, M., Zhou, M., and Wang, Y.-l. (2005). Cortical actin turnover during
cytokinesis requires myosin II. Curr. Biol. 15, 732–736.
40. Kondo, T., Hamao, K., Kamijo, K., Kimura, H.,Morita,M., Takahashi,M., and
Hosoya, H. (2011). Enhancement of myosin II/actin turnover at the contrac-
tile ring induces slower furrowing in dividing HeLa cells. Biochem. J. 435,
569–576.
41. Reymann, A.-C., Boujemaa-Paterski, R., Martiel, J.-L., Gue´rin, C., Cao, W.,
Chin, H.F., De La Cruz, E.M., The´ry, M., and Blanchoin, L. (2012). Actin
network architecture can determine myosin motor activity. Science 336,
1310–1314.
42. Vogel, S.K., Petrasek, Z., Heinemann, F., and Schwille, P. (2013). Myosin
motors fragment and compact membrane-bound actin filaments. eLife 2,
e00116.
43. Murrell, M.P., and Gardel, M.L. (2012). F-actin buckling coordinates
contractility and severing in a biomimetic actomyosin cortex. Proc. Natl.
Acad. Sci. USA 109, 20820–20825.
44. Wiggan, O.N., Shaw, Alisa E., DeLuca, Jennifer G., and Bamburg, James R.
(2012). ADF/Cofilin regulates actomyosin assembly through competitive in-
hibition of myosin II binding to F-actin. Dev. Cell 22, 530–543.
45. Koestler, S.A., Steffen, A., Nemethova, M., Winterhoff, M., Luo, N., Holle-
boom, J.M., Krupp, J., Jacob, S., Vinzenz, M., Schur, F., et al. (2013).
Arp2/3 complex is essential for actin network treadmilling as well as for tar-
geting of capping protein and cofilin. Mol. Biol. Cell 24, 2861–2875.
46. Berthoumieux, H., Maıˆtre, J.L., Heisenberg, C.P., Paluch, E.K., Ju¨licher, F.,
and Salbreux, G. (2014). Active elastic thin shell theory for cellular deforma-
tions. New J. Phys., in press.
47. Chaigne, A., Campillo, C., Gov, N.S., Voituriez, R., Azoury, J., Uman˜a-Diaz,
C., Almonacid, M., Queguiner, I., Nassoy, P., Sykes, C., et al. (2013). A soft
cortex is essential for asymmetric spindle positioning in mouse oocytes.
Nat. Cell Biol. 15, 958–966.
48. MacKintosh, F.C., and Levine, A.J. (2008). Nonequilibrium mechanics and
dynamics of motor-activated gels. Phys. Rev. Lett. 100, 018104.
49. Liverpool, T.B., Marchetti, M.C., Joanny, J.F., and Prost, J. (2009). Mechan-
ical response of active gels. Europhys. Lett. 85, 18007.
50. Fehon, R.G., McClatchey, A.I., and Bretscher, A. (2010). Organizing the cell
cortex: the role of ERM proteins. Nat. Rev. Mol. Cell Biol. 11, 276–287.
51. Nambiar, R., McConnell, R.E., and Tyska, M.J. (2009). Control of cell mem-
brane tension by myosin-I. Proc. Natl. Acad. Sci. USA 106, 11972–11977.
52. McConnell, R.E., and Tyska, M.J. (2010). Leveraging the membrane - cyto-
skeleton interface with myosin-1. Trends Cell Biol. 20, 418–426.
53. Razinia, Z., Makela, T., Ylanne, J., and Calderwood, D.A. (2012). Filamins in
mechanosensing and signaling. Annu. Rev. Biophys 41, 227–246.
54. Hamada, K., Shimizu, T., Matsui, T., Tsukita, S., and Hakoshima, T. (2000).
Structural basis of themembrane-targeting and unmaskingmechanisms of
the radixin FERM domain. EMBO J. 19, 4449–4462.
55. Hokanson, D.E., Laakso, J.M., Lin, T., Sept, D., and Ostap, E.M. (2006).
Myo1c binds phosphoinositides through a putative pleckstrin homology
domain. Mol. Biol. Cell 17, 4856–4865.
56. Mooseker, M.S., Conzelman, K.A., Coleman, T.R., Heuser, J.E., and Sheetz,
M.P. (1989). Characterization of intestinal microvillar membrane disks:
detergent-resistant membrane sheets enriched in associated brush border
myosin I (110K-calmodulin). J. Cell Biol. 109, 1153–1161.
57. Berryman, M., Franck, Z., and Bretscher, A. (1993). Ezrin is concentrated in
the apical microvilli of a wide variety of epithelial cells whereas moesin is
found primarily in endothelial cells. J. Cell Sci. 105, 1025–1043.
58. Kusumi, A., Suzuki, K.G., Kasai, R.S., Ritchie, K., and Fujiwara, T.K. (2011).
Hierarchical mesoscale domain organization of the plasma membrane.
Trends Biochem. Sci. 36, 604–615.
59. Billcliff, P.G., Rollason, R., Prior, I., Owen, D.M., Gaus, K., and Banting, G.
(2013). CD317/tetherin is an organiser of membrane microdomains.
J. Cell Sci. 126, 1553–1564.
60. Edidin, M., Kuo, S.C., and Sheetz, M.P. (1991). Lateral movements of mem-
brane glycoproteins restricted by dynamic cytoplasmic barriers. Science
254, 1379–1382.
61. Kapus, A., and Janmey, P. (2013). Plasmamembrane–cortical cytoskeleton
interactions: a cell biology approach with biophysical considerations.
Comprehensive Physiol. 3, 1231–1281.
Special Issue
R49362. Murase, K., Fujiwara, T., Umemura, Y., Suzuki, K., Iino, R., Yamashita, H.,
Saito, M., Murakoshi, H., Ritchie, K., and Kusumi, A. (2004). Ultrafine mem-
brane compartments formolecular diffusion as revealed by singlemolecule
techniques. Biophys. J. 86, 4075–4093.
63. Gowrishankar, K., Ghosh, S., Saha, S., C, R., Mayor, S., and Rao, M. (2012).
Active remodeling of cortical actin regulates spatiotemporal organization of
cell surface molecules. Cell 149, 1353–1367.
64. Ridley, A.J. (2011). Life at the leading edge. Cell 145, 1012–1022.
65. Paluch, E.K., and Raz, E. (2013). The role and regulation of blebs in cell
migration. Curr. Opin. Cell Biol. 25, 582–590.
66. Erickson, C.A., and Trinkaus, J.P. (1976). Microvilli and blebs as sources of
reserve surface membrane during cell spreading. Exp. Cell Res. 99,
375–384.
67. Kinn, S.R., and Allen, T.D. (1981). Conversion of blebs to microvilli: cell sur-
face reorganisation after trypsin. Differentiation 20, 168–173.
68. Norman, L.L., Brugues, J., Sengupta, K., Sens, P., and Aranda-Espinoza, H.
(2010). Cell blebbing andmembrane area homeostasis in spreading and re-
tracting cells. Biophys. J. 99, 1726–1733.
69. Sweeton, D., Parks, S., Costa, M., andWieschaus, E. (1991). Gastrulation in
Drosophila: the formation of the ventral furrow and posterior midgut invag-
inations. Development 112, 775–789.
70. Kapustina, M., Elston, T.C., and Jacobson, K. (2013). Compression and
dilation of the membrane-cortex layer generates rapid changes in cell
shape. J. Cell Biol. 200, 95–108.
71. Parton, R.G., and del Pozo, M.A. (2013). Caveolae as plasma membrane
sensors, protectors and organizers. Nat. Rev. Mol. Cell Biol. 14, 98–112.
72. Sens, P., and Turner, M.S. (2006). Budded membrane microdomains
as tension regulators. Phys. Rev. E Stat. Nonlin. Soft Matter Phys. 73,
031918.
73. Sinha, B., Koster, D., Ruez, R., Gonnord, P., Bastiani, M., Abankwa, D.,
Stan, R.V., Butler-Browne, G., Vedie, B., Johannes, L., et al. (2011). Cells
respond to mechanical stress by rapid disassembly of caveolae. Cell 144,
402–413.
74. Bar-Ziv, R., Tlusty, T., Moses, E., Safran, S.A., and Bershadsky, A. (1999).
Pearling in cells: A clue to understanding cell shape. Proc. Natl. Acad.
Sci. USA 96, 10140–10145.
75. Heinrich, D., Ecke,M., Jasnin, M., Engel, U., andGerisch, G. (2014). Revers-
ible membrane pearling in live cells upon destruction of the actin cortex.
Biophys. J. 106, 1079–1091.
76. Gorelik, J., Shevchuk, A.I., Frolenkov, G.I., Diakonov, I.A., Lab, M.J., Kros,
C.J., Richardson, G.P., Vodyanoy, I., Edwards, C.R., Klenerman, D., et al.
(2003). Dynamic assembly of surface structures in living cells. Proc. Natl.
Acad. Sci. USA 100, 5819–5822.
77. Majstoravich, S., Zhang, J., Nicholson-Dykstra, S., Linder, S., Friedrich, W.,
Siminovitch, K.A., and Higgs, H.N. (2004). Lymphocyte microvilli are dy-
namic, actin-dependent structures that do not requireWiskott-Aldrich syn-
drome protein (WASp) for their morphology. Blood 104, 1396–1403.
78. Shao, J.Y., Ting-Beall, H.P., and Hochmuth, R.M. (1998). Static and dy-
namic lengths of neutrophil microvilli. Proc. Natl. Acad. Sci. USA 95,
6797–6802.
79. Sanger, J.M., Reingold, A.M., andSanger, J.W. (1984). Cell surface changes
during mitosis and cytokinesis of epithelial cells. Cell Tissue Res. 237,
409–417.
80. Figard, L., Xu, H., Garcia, H.G., Golding, I., and Sokac, A.M. (2013). The
plasma membrane flattens out to fuel cell-surface growth during
Drosophila cellularization. Dev. Cell 27, 648–655.
81. Lecuit, T., and Wieschaus, E. (2000). Polarized insertion of new membrane
from a cytoplasmic reservoir during cleavage of the Drosophila embryo.
J. Cell Biol. 150, 849–860.
82. Finger, F.P., and White, J.G. (2002). Fusion and fission: membrane traf-
ficking in animal cytokinesis. Cell 108, 727–730.
83. Goss, J.W., and Toomre, D.K. (2008). Both daughter cells traffic and exocy-
tose membrane at the cleavage furrow during mammalian cytokinesis.
J. Cell Biol. 181, 1047–1054.
84. Masters, T.A., Pontes, B., Viasnoff, V., Li, Y., and Gauthier, N.C. (2013).
Plasma membrane tension orchestrates membrane trafficking, cytoskel-
etal remodeling, and biochemical signaling during phagocytosis. Proc.
Natl. Acad. Sci. USA 110, 11875–11880.
85. Steinhardt, R.A., Bi, G., and Alderton, J.M. (1994). Cell membrane resealing
by a vesicular mechanism similar to neurotransmitter release. Science 263,
390–393.
86. Kumari, S., Mg, S., and Mayor, S. (2010). Endocytosis unplugged: multiple
ways to enter the cell. Cell Res. 20, 256–275.
87. Sandvig, K., Pust, S., Skotland, T., and van Deurs, B. (2011). Clathrin-inde-
pendent endocytosis: mechanisms and function. Curr. Opin. Cell Biol. 23,
413–420.
88. Pelkmans, L., and Helenius, A. (2002). Endocytosis via caveolae. Traffic 3,
311–320.
89. Graham, T.R., and Kozlov, M.M. (2010). Interplay of proteins and lipids in
generating membrane curvature. Curr. Opin. Cell Biol. 22, 430–436.90. Zimmerberg, J., and Kozlov, M.M. (2006). How proteins produce cellular
membrane curvature. Nat. Rev. Mol. Cell Biol. 7, 9–19.
91. Murata, M., Peranen, J., Schreiner, R., Wieland, F., Kurzchalia, T.V., and
Simons, K. (1995). VIP21/caveolin is a cholesterol-binding protein. Proc.
Natl. Acad. Sci. USA 92, 10339–10343.
92. Sargiacomo, M., Sudol, M., Tang, Z., and Lisanti, M.P. (1993). Signal
transducing molecules and glycosyl-phosphatidylinositol-linked proteins
form a caveolin-rich insoluble complex in MDCK cells. J. Cell Biol. 122,
789–807.
93. Ikenouchi, J., Hirata, M., Yonemura, S., and Umeda, M. (2013). Sphingo-
myelin clustering is essential for the formation of microvilli. J. Cell Sci.
126, 3585–3592.
94. Mim, C., and Unger, V.M. (2012). Membrane curvature and its generation by
BAR proteins. Trends Biochem. Sci. 37, 526–533.
95. Dawson, J.C., Legg, J.A., and Machesky, L.M. (2006). Bar domain proteins:
a role in tubulation, scission and actin assembly in clathrin-mediated endo-
cytosis. Trends Cell Biol. 16, 493–498.
96. Lee, K., Gallop, J.L., Rambani, K., and Kirschner, M.W. (2010). Self-assem-
bly of filopodia-like structures on supported lipid bilayers. Science 329,
1341–1345.
97. Evans, E., and Rawicz,W. (1990). Entropy-driven tension and bending elas-
ticity in condensed-fluid membranes. Phys. Rev. Lett. 64, 2094–2097.
98. Fournier, J.-B., and Barbetta, C. (2008). Direct calculation from the stress
tensor of the lateral surface tension of fluctuating fluid membranes. Phys.
Rev. Lett. 100, 078103.
99. Helfrich, W. (1973). Elastic properties of lipid bilayers: theory and possible
experiments. Z. Naturforsch. C 28, 693–703.
100. Betz, T., Lenz, M., Joanny, J.-F., and Sykes, C. (2009). ATP-dependent
mechanics of red blood cells. Proc. Natl. Acad. Sci. USA 106, 15320–15325.
101. Yoon, Y.Z., Kotar, J., Brown, A.T., and Cicuta, P. (2011). Red blood cell dy-
namics: from spontaneous fluctuations to non-linear response. Soft Matter
7, 2042–2051.
102. Dai, J., and Sheetz, M.P. (1999). Membrane tether formation from blebbing
cells. Biophys. J. 77, 3363–3370.
103. Stachowiak, J.C., Schmid, E.M., Ryan, C.J., Ann, H.S., Sasaki, D.Y., Sher-
man, M.B., Geissler, P.L., Fletcher, D.A., and Hayden, C.C. (2012). Mem-
brane bending by protein–protein crowding. Nat. Cell Biol. 14, 944–949.
104. Sheetz, M.P. (2001). Cell control bymembrane–cytoskeleton adhesion. Nat.
Rev. Mol. Cell Biol. 2, 392–396.
105. Fournier, J.-B. (2007). On the stress and torque tensors in fluidmembranes.
Soft Matter 3, 883–888.
106. Raucher, D., and Sheetz, M.P. (2000). Cell spreading and lamellipodial
extension rate is regulated bymembrane tension. J. Cell Biol. 148, 127–136.
107. Gauthier, N.C., Fardin, M.A., Roca-Cusachs, P., and Sheetz, M.P. (2011).
Temporary increase in plasma membrane tension coordinates the activa-
tion of exocytosis and contraction during cell spreading. Proc. Natl.
Acad. Sci. USA 108, 14467–14472.
108. Houk, A.R., Jilkine, A., Mejean, C.O., Boltyanskiy, R., Dufresne, E.R., Ange-
nent, S.B., Altschuler, S.J., Wu, L.F., and Weiner, O.D. (2012). Membrane
tension maintains cell polarity by confining signals to the leading edge dur-
ing neutrophil migration. Cell 148, 175–188.
109. Lieber, A.D., Yehudai-Resheff, S., Barnhart, E.L., Theriot, J.A., andKeren, K.
(2013). Membrane tension in rapidly moving cells is determined by cyto-
skeletal forces. Curr. Biol. 23, 1409–1417.
110. Keren, K., Pincus, Z., Allen, G.M., Barnhart, E.L., Marriott, G., Mogilner, A.,
and Theriot, J.A. (2008). Mechanism of shape determination in motile cells.
Nature 453, 475–480.
111. Batchelder, E.L., Hollopeter, G., Campillo, C., Mezanges, X., Jorgensen,
E.M., Nassoy, P., Sens, P., and Plastino, J. (2011). Membrane tension reg-
ulates motility by controlling lamellipodium organization. Proc. Natl. Acad.
Sci. USA 108, 11429–11434.
112. Diz-Munoz, A., Fletcher, D.A., andWeiner, O.D. (2013). Use the force: mem-
brane tension as an organizer of cell shape and motility. Trends Cell Biol.
23, 47–53.
113. Charras, G.T., Coughlin, M., Mitchison, T.J., and Mahadevan, L. (2008). Life
and times of a cellular bleb. Biophys. J. 94, 1836–1853.
114. El Amine, N., Kechad, A., Jananji, S., and Hickson, G.R. (2013). Opposing
actions of septins and Sticky on Anillin promote the transition from contrac-
tile to midbody ring. J. Cell Biol. 203, 487–504.
115. Staykova, M., Holmes, D.P., Read, C., and Stone, H.A. (2011). Mechanics of
surface area regulation in cells examined with confined lipid membranes.
Proc. Natl. Acad. Sci. USA 108, 9084–9088.
116. Hochmuth, F.M., Shao, J.Y., Dai, J., and Sheetz, M.P. (1996). Deformation
and flow of membrane into tethers extracted from neuronal growth cones.
Biophys. J. 70, 358–369.
117. Waugh, R.E., Song, J., Svetina, S., and Zeks, B. (1992). Local and nonlocal
curvature elasticity in bilayer membranes by tether formation from lecithin
vesicles. Biophys. J. 61, 974–982.
118. Evans, E., and Yeung, A. (1994). Hidden dynamics in rapid changes of
bilayer shape. Chem. Phys. Lipids 73, 39–56.
Current Biology Vol 24 No 10
R494119. Lipowsky, R., and Sackmann, E. (1995). Structure and Dynamics of Mem-
branes: From Cells to Vesicles (Amsterdam, The Netherlands: Elsevier).
120. Hanakam, F., Albrecht, R., Eckerskorn, C., Matzner, M., and Gerisch, G.
(1996). Myristoylated and non-myristoylated forms of the pH sensor protein
hisactophilin II: intracellular shuttling to plasma membrane and nucleus
monitored in real time by a fusion with green fluorescent protein. EMBO
J. 15, 2935–2943.
121. Cole, K.S. (1932). Surface forces of the arbacia egg. J. Cell. Comp. Physiol.
1, 1–9.
122. Yoneda, M., and Dan, K. (1972). Tension at the surface of the dividing sea-
urchin egg. J. Exp. Biol. 57, 575–587.
123. Lomakina, E.B., Spillmann, C.M., King,M.R., andWaugh, R.E. (2004). Rheo-
logical analysis andmeasurement of neutrophil indentation. Biophys. J. 87,
4246–4258.
124. Pagliara, S., Franze, K., McClain, C.R., Wylde, G., Fisher, C.L., Franklin,
R.J.M., Kabla, A.J., Keyser, U.F., and Chalut, K.J. (2014). Auxetic nuclei in
embryonic stem cells exiting pluripotency. Nat. Mater. http://dx.doi.org/
10.1038/nmat3943.
125. Mitchison, J.M., and Swann, M.M. (1954). The mechanical properties of the
cell surface. I. The cell elastimeter. J. Exp. Biol. 31, 443–460.
126. Evans, E., and Yeung, A. (1989). Apparent viscosity and cortical tension of
blood granulocytes determined by micropipet aspiration. Biophys. J. 56,
151–160.
127. Guck, J., Ananthakrishnan, R., Mahmood, H., Moon, T.J., Cunningham,
C.C., and Ka¨s, J. (2001). The optical stretcher: a novel laser tool tomicroma-
nipulate cells. Biophys. J. 81, 767–784.
128. Bausch, A.R., Ziemann, F., Boulbitch, A.A., Jacobson, K., and Sackmann,
E. (1998). Local measurements of viscoelastic parameters of adherent
cell surfaces by magnetic bead microrheometry. Biophys. J. 75, 2038–
2049.
129. Mizuno, D., Tardin, C., Schmidt, C.F., and MacKintosh, F.C. (2007).
Nonequilibrium mechanics of active cytoskeletal networks. Science 315,
370–373.
130. Mitrossilis, D., Fouchard, J., Pereira, D., Postic, F., Richert, A., Saint-Jean,
M., and Asnacios, A. (2010). Real-time single-cell response to stiffness.
Proc. Natl. Acad. Sci. USA 107, 16518–16523.
131. Schwarz, U.S., and Gardel, M.L. (2012). United we stand – integrating the
actin cytoskeleton and cell–matrix adhesions in cellular mechanotransduc-
tion. J. Cell Sci. 125, 3051–3060.
132. Farhadifar, R., Ro¨per, J.-C., Aigouy, B., Eaton, S., and Ju¨licher, F. (2007).
The influence of cell mechanics, cell-cell interactions, and proliferation on
epithelial packing. Curr. Biol. 17, 2095–2104.
133. Martin, A.C., Gelbart, M., Fernandez-Gonzalez, R., Kaschube, M., and Wie-
schaus, E.F. (2010). Integration of contractile forces during tissue invagina-
tion. J. Cell Biol. 188, 735–749.
134. Mayer,M., Salbreux, G., andGrill, S.W. (2012). 7.12Biophysics of cell devel-
opmental processes: a lasercutter’s perspective. In Comprehensive
Biophysics, E.H. Egelman, ed. (Amsterdam: Elsevier), pp. 194–207.
135. Blanchard, G.B., Kabla, A.J., Schultz, N.L., Butler, L.C., Sanson, B., Gorfin-
kiel, N., Mahadevan, L., and Adams, R.J. (2009). Tissue tectonics: morpho-
genetic strain rates, cell shape change and intercalation. Nat. Methods 6,
458–464.
136. Aigouy, B., Farhadifar, R., Staple, D.B., Sagner, A., Ro¨per, J.-C., Ju¨licher, F.,
and Eaton, S. (2010). Cell flow reorients the axis of planar polarity in thewing
epithelium of Drosophila. Cell 142, 773–786.
137. Charras, G.T., Yarrow, J.C., Horton, M.A., Mahadevan, L., and Mitchison,
T.J. (2005). Non-equilibration of hydrostatic pressure in blebbing cells.
Nature 435, 365–369.
138. Mooseker, M.S. (1976). Brush border motility. Microvillar contraction in
triton-treated brush borders isolated from intestinal epithelium. J. Cell
Biol. 71, 417–433.
139. Rothberg, K.G., Heuser, J.E., Donzell, W.C., Ying, Y.S., Glenney, J.R., and
Anderson, R.G. (1992). Caveolin, a protein component of caveolae mem-
brane coats. Cell 68, 673–682.
140. Tagawa, A., Mezzacasa, A., Hayer, A., Longatti, A., Pelkmans, L., and Hel-
enius, A. (2005). Assembly and trafficking of caveolar domains in the cell:
caveolae as stable, cargo-triggered, vesicular transporters. J. Cell Biol.
170, 769–779.
141. Perry, M.M., and Gilbert, A.B. (1979). Yolk transport in the ovarian follicle of
the hen (Gallus domesticus): lipoprotein-like particles at the periphery of
the oocyte in the rapid growth phase. J. Cell Sci. 39, 257–272.
142. Perrais, D., and Merrifield, C.J. (2005). Dynamics of endocytic vesicle crea-
tion. Dev. Cell 9, 581–592.
143. Schmoranzer, J., Goulian, M., Axelrod, D., and Simon, S.M. (2000). Imaging
constitutive exocytosis with total internal reflection fluorescence micro-
scopy. J. Cell Biol. 149, 23–32.
144. Toomre, D., Steyer, J.A., Keller, P., Almers, W., and Simons, K. (2000).
Fusion of constitutive membrane traffic with the cell surface observed by
evanescent wave microscopy. J. Cell Biol. 149, 33–40.
145. de Gennes, P.-G., Puech, P.-H., and Brochard-Wyart, F. (2003). Adhesion
induced by mobile stickers: a list of scenarios. Langumuir 19, 7112–
7119.146. Borghi, N., Lowndes, M., Maruthamuthu, V., Gardel, M.L., and Nelson, W.J.
(2010). Regulation of cell motile behavior by crosstalk between cadherin-
and integrin-mediated adhesions. Proc. Natl. Acad. Sci. USA 107, 13324–
13329.
147. Diz-Munoz, A., Krieg,M., Bergert, M., Ibarlucea-Benitez, I., Muller, D.J., Pal-
uch, E., and Heisenberg, C.P. (2010). Control of directed cell migration
in vivo by membrane-to-cortex attachment. PLoS Biol. 8, e1000544.
